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1. INTRODUCTION {#men13119-sec-0001}
===============

Plastic marine debris (PMD) is receiving increased attention because it is a visible and steadily increasing pollutant in the ocean (Jambeck et al., [2015](#men13119-bib-0023){ref-type="ref"}; Rochman et al., [2013](#men13119-bib-0047){ref-type="ref"}). Although the impacts of PMD on marine animals have been extensively documented, interactions between PMD and microscopic life and especially microbes are poorly understood. Upon entering the aquatic environment, a layer of organic and inorganic substances quickly coats the plastic surface followed by a rapid colonization of bacterial and eukaryotic (micro)organisms within hours depending on location and season (Foulon et al., [2016](#men13119-bib-0017){ref-type="ref"}). After a few days to several weeks, dense biofilms form on plastics and these can have multiple effects on the fate of PMD (Rummel, Jahnke, Gorokhova, Kühnel, & Schmitt‐Jansen, [2017](#men13119-bib-0048){ref-type="ref"}). Colonization or biofouling can change the buoyancy of floating plastic causing neutral and/or negative buoyancy and settling deeper into the water column (Kooi, Van Nes, Scheffer, & Koelmans, [2017](#men13119-bib-0029){ref-type="ref"}; Ye & Andrady, [1991](#men13119-bib-0062){ref-type="ref"}). Biofilms can also change the physical and chemical properties of plastic and influence further colonization by metazoan larvae (Chung et al., [2010](#men13119-bib-0011){ref-type="ref"}; Hadfield, [2010](#men13119-bib-0020){ref-type="ref"}). Microbes and biofilms can promote degradation of PMD (Chauhan, Agrawal, Deshmukh, Roy, & Priyadarshini, [2018](#men13119-bib-0009){ref-type="ref"}; Kumari, Chaudhary, & Jha, [2019](#men13119-bib-0030){ref-type="ref"}; Montazer, Habibi Najafi, & Levin, [2018](#men13119-bib-0039){ref-type="ref"}; Shah, Hasan, Hameed, & Ahmed, [2008](#men13119-bib-0053){ref-type="ref"}; Zettler, Mincer, & Amaral‐Zettler, [2013](#men13119-bib-0065){ref-type="ref"}), but they can also hinder abiotic ageing by shielding PMD from ultraviolet (UV) radiation in the surface ocean, arguably the most important and rapid abiotic process of plastic breakdown in the environment (Song et al., [2017](#men13119-bib-0055){ref-type="ref"}). Moreover, biofilms can make plastic smell and taste like food to animals such as birds and fish that rely on chemoreception for food selection (Savoca, Tyson, McGill, & Slager, [2017](#men13119-bib-0049){ref-type="ref"}; Savoca, Wohlfeil, Ebeler, & Nevitt, [2016](#men13119-bib-0050){ref-type="ref"}).

Recent awareness of PMD has kindled interest in biofilms that form on this new anthropogenic substrate. Despite media depictions of large intact plastic litter that forms massive floating "islands" in the ocean\'s interior, most PMD is in the microplastic (\<5‐mm) size range (Eriksen et al., [2014](#men13119-bib-0015){ref-type="ref"}) and thus a habitat for primarily microbial and other microscopic life. Despite the demonstrated ubiquity of biofilms on PMD in marine environments, we know very little about the composition and spatial distribution of "Plastisphere"---the thin layer of life on the surface of PMD---members or their geographical and temporal variations. Some studies use scanning electron microscopy (SEM) to visualize microbial communities (Carson, Nerheim, Carroll, & Eriksen, [2013](#men13119-bib-0008){ref-type="ref"}; Masó, Fortuño, De Juan, & Demestre, [2016](#men13119-bib-0038){ref-type="ref"}; Sieburth & Pratt, [1975](#men13119-bib-0054){ref-type="ref"}) and others use molecular microbial profiling to determine community composition (De Tender et al., [2017](#men13119-bib-0014){ref-type="ref"}; Jiang, Zhao, Zhu, & Li, [2018](#men13119-bib-0025){ref-type="ref"}; Oberbeckmann, Osborn, & Duhaime, [2016](#men13119-bib-0043){ref-type="ref"}). SEM provides good spatial resolution but poor taxonomic resolution, while sequencing data reveal the taxonomic composition of the community but not the spatial distribution and interaction between different taxa. One of the properties that biofilms share across different environments is that they are three‐dimensional structures: this imparts an added challenge in studying them in their most intact state because most molecular methods fail to capture this spatial arrangement of life (Flemming & Wuertz, [2019](#men13119-bib-0016){ref-type="ref"}). Understanding the micrometre‐scale distribution of specific groups of microbes and potential associations and interactions has so far not been possible. Whole cell fluorescence *in situ* hybridization (FISH) methods hold promise to combine taxonomic and spatial resolution (Amann & Fuchs, [2008](#men13119-bib-0002){ref-type="ref"}; Hasegawa et al., [2010](#men13119-bib-0021){ref-type="ref"}), but the extremely heterogeneous communities typically observed in the Plastisphere compared to the surrounding seawater present a challenge in applying these methods to microbial biofilms on PMD (Zettler et al., [2013](#men13119-bib-0065){ref-type="ref"}).

To overcome these barriers, we applied a suite of existing and novel group‐specific probes (phylum to class‐level probes) in a nested approach to target the most commonly occurring members of the Plastisphere. We used an innovative epifluorescence microscopy technique called combinatorial labelling and spectral imaging -- fluorescence *in situ* hybridization (CLASI‐FISH) (Mark Welch, Rossetti, Rieken, Dewhirst, & Borisy, [2016](#men13119-bib-0037){ref-type="ref"}; Valm, Mark Welch, & Borisy, [2012](#men13119-bib-0058){ref-type="ref"}; Valm, Oldenbourg, & Borisy, [2016](#men13119-bib-0059){ref-type="ref"}). This method uses fluorophore‐labelled oligonucleotides to identify microbial taxa, and enables simultaneous use of as many as 16 fluorophores (Valm et al., [2016](#men13119-bib-0059){ref-type="ref"}) whose spectral signatures are distinguished using fluorescence spectral imaging. Whereas Valm et al. ([2012](#men13119-bib-0058){ref-type="ref"}), Valm et al. ([2016](#men13119-bib-0059){ref-type="ref"}) employed probes in binary combinations to discriminate large numbers of distinct microbial types, here we employed nested probe sets with domain‐, phylum‐, class‐ and family‐level probes so that each taxon was characterized by a spectral signature consisting of one, two or three fluorophores. This nested labelling permitted us to differentiate seven major microbial groups simultaneously in one image. With this technique we showed evidence for inter‐ and intradomain interactions in the Plastisphere from a variety of marine systems that inform our understanding of this new and expanding habitat.

2. MATERIALS AND METHODS {#men13119-sec-0002}
========================

2.1. *In situ incubation setup and sampling* {#men13119-sec-0003}
--------------------------------------------

Figure [1](#men13119-fig-0001){ref-type="fig"}a--f illustrates our experimental design and workflow. Five‐millimetre‐wide strips of polyethylene (PE) were submerged in the coastal ocean surface waters of three locations: the North Atlantic Ocean (Vineyard Sound; 41.5°N, 70.7°W; from July 10 to August 14, 2013), the tropical Atlantic Ocean (True Blue Bay; 12.0°N, 61.8°W from May 23 to June 6, 2013) and the Wadden Sea (North Sea, Texel, the Netherlands; 53.0°N, 4.8°E; April 18 to May 3, 2018). We used post‐consumer PE plastic from 1‐gallon milk jugs (Vineyard Sound and True Blue Bay) or heavy‐duty plastic bags (Wadden Sea). The plastic was cleaned and then sterilized using 70% ethanol immediately before being deployed in the seawater, and was suspended \~1 m below the surface. For long‐term conservation of the biofilm samples for CLASI‐FISH and SEM, samples were fixed by submerging the plastic in 4% (w/v) paraformaldehyde in 0.2 M phosphate buffered saline (PBS) for 3 hr at 4°C immediately after removing the samples from seawater, then transfered and stored in PBS/ethanol (50:50, v/v) at −20°C. The samples we used in this study were stored for up to 5 years before imaging and still possessed an intact biofilm suitable for CLASI‐FISH.

![Schematic set‐up of our experiment and workflow. (a) Polyethylene (PE) was submerged in surface seawater (\~1‐m depth) for up to 5 weeks. (b) Triplicates were sampled each week for 16S rRNA amplicon sequencing, scanning electron microscopy (SEM) and CLASI (combinatorial laser and spectral imaging) -- FISH (fluorescence *in situ* hybridization). (c) A nested probe set of nine different probes was developed based on the most abundant taxa on plastic marine debris (PMD) identified by amplicon sequencing (Amaral‐Zettler et al., [2015](#men13119-bib-0003){ref-type="ref"}; De Tender et al., [2017](#men13119-bib-0014){ref-type="ref"}). Each bacterial cell on PE hybridized with up to three different fluorescent probes. (d) To image both sides of PE pieces, we sandwiched PE pieces between two glass cover slips and imaged 10 different fields of view per side. (e) The uneven surface of the PE made it impossible to focus the entire biofilm in one field of view, so we performed z‐stack and maximum intensity projections (MIP) to bring the biofilm into one focal plane. (f) We further processed images by applying linear unmixing using emission spectra of each fluorophore. This resulted in separate images for each of the seven fluorophores and autofluorescence from phytoplankton and other autofluorescent cells. (g) Merging these false‐coloured images caused a colour mix that hampered clear identification of different taxa because overlaying three colours per cell resulted in whitish cells. Combined emission spectra of up to three different fluorophores were retrieved from images from the first linear unmixing process. (h) The second linear unmixing was applied to the same unprocessed images used for the first linear unmixing. (i) The second unmixing produced images showing single colours also for double‐ and triple‐labelled cells. Colour‐codes in the first and second linear unmixing plots refer to the different fluorophores and taxa shown in the nested probe set in the tree diagram, respectively](MEN-20-620-g001){#men13119-fig-0001}

For this "proof of concept" adaptation of the CLASI‐FISH approach applied to Plastisphere samples, we employed eight samples: four from the North Atlantic submerged for 1, 2, 3 and 5 weeks, two from the tropical Atlantic submerged for 1 and 2 weeks, and two from the North Sea submerged for 1 and 2 weeks. To compare amplicon data relative abundances with those from CLASI‐FISH results, we used existing published datasets (selected from the Amaral‐Zettler et al., [2015](#men13119-bib-0003){ref-type="ref"} study---available from the VAMPS platform) from the North Atlantic samples that were collected from the same piece of plastic at the same time as the CLASI‐FISH samples. Information from amplicon sequencing enabled the design of a CLASI‐FISH probe set to investigate the spatial distribution of the most abundant taxa in the biofilm and to explore microbe--microbe interactions. Additionally, subsamples were imaged using SEM to investigate the morphology of the Plastisphere biofilm and the plastic surface. To our knowledge, this is the first report of the complementary use of SEM and CLASI‐FISH and their quantitative comparison to amplicon sequencing results from the same samples.

2.2. Design and validation of probes and probe set {#men13119-sec-0004}
--------------------------------------------------

To visualize the bacterial community in our samples with both breadth and specificity, we developed a probe set with a nested design in which each taxon is targeted by at least two probes. To target the entire domain Bacteria we used the probes Eub338‐I, Eub338‐II and Eub338‐III (Amann et al., [1990](#men13119-bib-0001){ref-type="ref"}; Daims, Brühl, Amann, Schleifer, & Wagner, [1999](#men13119-bib-0012){ref-type="ref"}) labelled with the same fluorophore: we hereafter refer to this mixture as a single probe, Eub338. In addition, we employed six probes each labelled with a distinct fluorophore, targeting the phylum *Bacteroidetes*, the classes *Alphaproteobacteria* and *Gammaproteobacteria* (Manz, Amann, Ludwig, Wagner, & Schleifer, [1992](#men13119-bib-0035){ref-type="ref"}; Neef, [1997](#men13119-bib-0041){ref-type="ref"}), the alphaproteobacterial family *Rhodobacteraceae*, and the gammaproteobacterial families *Alteromonadaceae* and *Vibrionaceae*. The entire probe set thus contained seven oligonucleotide probes labelled with a total of seven different fluorophores, and was capable of distinguishing seven distinct bacterial types (Figure [1](#men13119-fig-0001){ref-type="fig"}c): *Rhodobacteraceae*; *Alphaproteobacteria* that were not *Rhodobacteraceae*; *Alteromonadaceae*; *Vibrionaceae*; *Gammaproteobacteria* that were not *Alteromonadaceae* or *Vibrionaceae*; *Bacteroidetes*; and *Bacteria* that were not members of any of these other groups. This nested probe set that included probes targeting the phylum, class and family levels improved the likelihood of correct taxonomic identification due to double and triple labelling of single cells (e.g., cells identified as *Rhodobacteraceae* had to be labelled with the probes Rho1682, Alf968 and Eub338; Figure [1](#men13119-fig-0001){ref-type="fig"}c). Cyanobacteria and diatoms were also distinguishable by their morphology and autofluorescence.

Of the seven probes, four were newly designed targeting the phylum *Bacteroidetes* (Bac1058) and the families *Rhodobacteraceae* (Rho1682), *Alteromonadaceae* (Alt811) and *Vibrionaceae* (Vib2300) (Table [1](#men13119-tbl-0001){ref-type="table"}). We used [arb]{.smallcaps} software (Ludwig et al., [2004](#men13119-bib-0034){ref-type="ref"}) with SILVA [arb]{.smallcaps} database release 132 (Quast et al., [2012](#men13119-bib-0045){ref-type="ref"}) for probe design. For in silico prediction of probe hybridization efficiency we used [mathfish]{.smallcaps} (Yilmaz, Parnerkar, & Noguera, [2011](#men13119-bib-0064){ref-type="ref"}) (Table [S1](#men13119-sup-0001){ref-type="supplementary-material"}) and for in silico prediction of probe specificity we used [mathfish]{.smallcaps} and [probecheck]{.smallcaps} (Loy et al. [2008](#men13119-bib-0033){ref-type="ref"}). To validate probe specificities, we applied individual probes and the seven‐probe set to pure cultures of the target taxa, hybridized and imaged under the same conditions as plastic samples (Figure [2](#men13119-fig-0002){ref-type="fig"}; Tables [S2](#men13119-sup-0001){ref-type="supplementary-material"} and [S3](#men13119-sup-0001){ref-type="supplementary-material"}).

###### 

Probes and attached fluorophores used in this study and their properties

  Probe        Specificity             Sequence 5′3′              Target site   Fluorophore labelled (dual)   References                                                  Tested isolates/true positives   Tested isolates/true negatives
  ------------ ----------------------- -------------------------- ------------- ----------------------------- ----------------------------------------------------------- -------------------------------- --------------------------------
  Eub338       Bacteria                GCTGCCTCCCGTAGGAGT         16S           DY415                         Amann et al. ([1990](#men13119-bib-0001){ref-type="ref"})   55/55                            
  Eub338‐II    *Planctomycetales*      GCAGCCACCCGTAGGTGT         16S           DY415                         Daims et al. ([1999](#men13119-bib-0012){ref-type="ref"})                                    
  Eub338‐III   *Verrucomicrobiales*    GCTGCCACCCGTAGGTGT         16S           DY415                         Daims et al. ([1999](#men13119-bib-0012){ref-type="ref"})                                    
  Alf968       *Alphaproteobacteria*   GGTAAGGTTCTGCGCGTT         16S           Atto620                       Neef ([1997](#men13119-bib-0041){ref-type="ref"})           11/12                            25/25
  Gam42a       *Gammaproteobacteria*   GCCTTCCCACATCGTTT          23S           Cy5                           Manz et al. ([1992](#men13119-bib-0035){ref-type="ref"})    19/20                            23/23
  Bac1058      *Bacteroidetes*         TGAATGGCTGCTTCCAAGCCAACA   23S           Rhodamine RedX                This paper                                                  3/3                              17/17
  Rho1682      *Rhodobacteraceae*      CCTTCTCGCGAACTTACGGAGG     23S           DY490                         This paper                                                  5/5                              15/15
  Vib2300      *Vibrionaceae*          TAACCTCACGATGTCCAACCGTG    23S           Texas RedX                    This paper                                                  3/3                              9/11
  Alt811       *Alteromonadaceae*      ACAGCTAGTAGACAGCGTTTACG    16S           DY505                         This paper                                                  5/6                              14/14
  Fla891       *Flavobacteriaceae*     AGTTTGTCAGGAATTGGTAGGCG    23S           DY490                         This paper                                                  0/3                              1/1
  Act1894      *Actinobacteria*        AGTTACCACCGCCGTTTACTGG     23S           DY490                         This paper                                                  1/3                              
  Vib1759      *Vibrionaceae*          AGCCACCTGGTATCTGCGACT      23S           Texas RedX                    This paper                                                  5/5                              9/19
  Rho420       *Rhodobacteraceae*      TCAGTAAGGAGTACTTAGCCTTCG   23S           DY490                         This paper                                                  1/2                              

Probes were tested on 55 different cultured isolates to show true positive and true negative hybridizations. Columns 7 and 8 (true positives or true negatives): the first number is the number of cultures that show results as expected, while the second number is the number of cultures tested in total for the specific probe.
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![A set of seven probes was validated simultaneously to different pure marine cultures. Up to three different cultured species of the same taxonomic group were tested to ensure specific as well as broad specificity of the probe set. Imaging and linear unmixing were applied under the same conditions as the samples. The probe set hybridized as expected (checkmarks) showing cells labelled specifically with up to three different probes (compare within rows), except for Vib2300 (cross). Although in silico testing of Vib2300 did not show any mismatches, Vib2300 hybridized with some species of the family *Alteromonadaceae* when tested with pure cultures. Despite this cross‐hybridization, we were able to differentiate members of the *Alteromonadaceae* from the *Vibrionaceae* because Alt811 is specific to the former](MEN-20-620-g002){#men13119-fig-0002}

2.3. Plastisphere CLASI‐FISH {#men13119-sec-0005}
----------------------------

The CLASI‐FISH methodology was developed to visualize microbial spatial organization in biofilms prepared as whole mount spreads or as semithin sections (Mark Welch, Hasegawa, McNulty, Gordon, & Borisy, [2017](#men13119-bib-0036){ref-type="ref"}; Mark Welch et al., [2016](#men13119-bib-0037){ref-type="ref"}). Here we adapted and customized this protocol to visualize biofilms on the relatively thick, hard and uneven surfaces of PMD (see overview in Figure [1](#men13119-fig-0001){ref-type="fig"}). Key modifications included mounting the sample in a sandwich between two coverslips so that both sides of the same piece could be imaged and compensating for the uneven surface by acquiring images as z‐stacks followed by a maximum intensity projection to computationally flatten the image into a single plane. Plastic samples (5 mm × 5 mm) were dehydrated through an ethanol series (70%, 85%, 100%; for 15 min each), air‐dried and incubated in 250 µl of hybridization solution (900 mM NaCl, 20 mM Tris pH 7.5, 0.01% SDS, 20% formamide and each probe at a final concentration of 2 µM) at 46°C for 3 hr. Plastic pieces were then transferred into wash buffer (215 mM NaCl, 20 mM Tris pH 7.5, 5 mM EDTA) at 48°C for 15 min to remove unbound probe. Samples were subsequently dipped in ice‐cold water, drained, air‐dried, and mounted in ProLong Gold Antifade Solution (ThermoFisher) within a frame constructed of Parafilm (Beemis Co.) of the same thickness as the plastic samples. This sample spacer was embedded between two glass coverslips each 0.17 mm thick to permit imaging of both sides of the samples (Figure [1](#men13119-fig-0001){ref-type="fig"}d). Samples were stored in the dark overnight before imaging with a Zeiss LSM 780 confocal microscope (Carl Zeiss) with a 40 × 1.4 N.A. Plan‐Apochromat oil immersion objective.

The pinhole in the light path of a confocal microscope eliminates most of the fluorescence from out‐of‐focus portions of the sample and permits high‐resolution imaging of three‐dimensional structure by acquiring a *z*‐stack, that is successive images of the same field of view at different focal planes. For imaging the thin biofilms formed in the early stages of colonization of plastic, we selected segments of plastic that were as flat as possible. Nonetheless, there was a slight curvature of the plastic, such that only a portion of the approximately 200 × 200 × 1‐μm field of view was occupied by biofilm in focus at any given focal plane. To compensate for this curvature we acquired *z*‐stacks of up to 17 µm in thickness and then applied a maximum intensity projection to each *z*‐stack. This projection selects the brightest plane of the stack, which is generally the most in‐focus plane, at each pixel position and results in a flat image in which cells across the entire field of view are in focus. Ten fields of view per sample side were imaged in this way to acquire spectral images using simultaneous excitation with the 405‐, 488‐ and 594‐nm laser lines with laser intensities of 5%, 10% and 4%, respectively, and laser gain of 760.

Flattened spectral images were processed by linear unmixing with Zeiss [zen]{.smallcaps} software. Reference spectra were measured from experimental images or from cultured cells hybridized and imaged under the same conditions used for acquiring experimental data. The linear unmixing algorithm is then used to express the recorded fluorescence spectrum from each pixel in an image as a weighted sum of the reference spectra.

Linear unmixing with reference spectra corresponding to individual fluorophores was performed as previously described (Mark Welch et al., [2017](#men13119-bib-0036){ref-type="ref"}, [2016](#men13119-bib-0037){ref-type="ref"}; Valm et al., [2012](#men13119-bib-0058){ref-type="ref"}) and the resulting false‐coloured images were superimposed to identify cells labelled with multiple fluorophores from the nested probe set (Figure [1](#men13119-fig-0001){ref-type="fig"}f,g). In these unmixed images, cells appeared in one, two or three images depending on the number of probes targeting them in our nested probe set. To simplify the separation of each taxon we repeated the unmixing of the raw data using reference spectra corresponding to the spectral signatures of each distinct cell type, composed of combinations of one, two or three fluorophores (Figure [1](#men13119-fig-0001){ref-type="fig"}h,i). These combined reference spectra were measured from cells in the experimental images of plastisphere biofilms that exhibited a specific combination of fluorophores (Figure [1](#men13119-fig-0001){ref-type="fig"}h). In the resulting unmixed images, cells of different taxonomic levels were clearly distinguishable; for example, *Rhodobacteraceae* were clearly distinguishable from *Alphaproteobacteria* that were not *Rhodobacteraceae* (Figure [1](#men13119-fig-0001){ref-type="fig"}i). Images unmixed with combined reference spectra were subjected to image segmentation as described by Mark Welch et al. ([2017](#men13119-bib-0036){ref-type="ref"}) and automated cell counting using [fiji]{.smallcaps} (Schindelin et al., [2012](#men13119-bib-0052){ref-type="ref"}).

Brightly autofluorescent objects can interfere with the imaging of fluorescent probes. Phytoplankton cells and protists containing fluorescent pigments were present in our samples and visible in the unmixed images. However, these autofluorescent cells generally did not prevent the imaging of nearby cells, for several reasons. The emission spectra of autofluorescent cells overlapped the emission spectra of the fluorophores but had a different shape (Figure [1](#men13119-fig-0001){ref-type="fig"}f) and thus could be included as a reference spectrum in the linear unmixing and unmixed into a separate channel. Probe‐conferred fluorescence from the fluorophores used in this study was bright enough to be visible adjacent to, and even on top of, phytoplankton cells, in part because of the dual labelling of our probes on both their 3′ and 5′ ends with the same fluorophore. Confocal imaging, by removing out‐of‐focus light, improves the signal‐to‐noise ratio in the plane of focus and thus improves the differentiation of labelled cells from adjacent autofluorescent objects. Collectively these factors made it possible to carry out CLASI‐FISH even in the presence of phytoplankton and other autofluorescent cells.

3. RESULTS {#men13119-sec-0006}
==========

3.1. Identification of abundant taxa to target with CLASI‐FISH {#men13119-sec-0007}
--------------------------------------------------------------

To select an appropriate phylogenetic probe set to visualize the most abundant taxa in our 1‐ to 5‐week‐old samples, we first examined the bacterial taxon composition in our PE subsamples (16S rRNA amplicon sequencing data, Figure [1](#men13119-fig-0001){ref-type="fig"}b) and in published amplicon sequencing data from PE from diverse marine regions (all data published in Amaral‐Zettler et al., [2015](#men13119-bib-0003){ref-type="ref"} and analysed taxonomically in a comparative meta‐analysis presented in De Tender et al., [2017](#men13119-bib-0014){ref-type="ref"}). By comparing sequence data from our early‐stage biofilms with biofilms on PE samples randomly sampled in the Atlantic and Pacific Ocean and in the North Sea (De Tender et al., [2017](#men13119-bib-0014){ref-type="ref"}), we were able to determine the most commonly occurring taxa in PMD across biogeographically distant habitats. The retention time of the samples from Amaral Zettler et al. ([2015](#men13119-bib-0003){ref-type="ref"}) in the ocean and with it the age of the biofilms are unknown and are most likely a mix of young and matured biofilms. The higher‐level taxonomic compositions (e.g., phylum, class, family) of our experimental early‐stage biofilms and of the field‐collected biofilms of unknown ages were the same when the two or three most abundant taxa were compared. *Proteobacteria*, *Cyanobacteria* and *Bacteroidetes* were the most abundant phyla in all Plastisphere biofilms independent of age. *Cyanobacteria* could be identified due to their distinct morphology and inherent autofluorescence, so *Proteobacteria* and *Bacteroidetes* were the primary targets of our probe design. Within the *Proteobacteria*, *Alpha*‐ and *Gammaproteobacteria* were the most abundant classes and *Rhodobacteraceae* and *Alteromonadaceae* were the most common families within these classes, respectively, when the biofilms of mixed aged were considered (De Tender et al., [2017](#men13119-bib-0014){ref-type="ref"}). *Alteromonadaceae* were less abundant on our incubation experiments but still an important group in the Plastisphere community in general. In our experiments, up to 90% of the relative sequence abundances were assigned to the *Bacteroidetes* and two *Proteobacteria* groups with *Rhodobacteraceae* as the most abundant family; therefore, we designed our probes against these most commonly occurring taxa. We also designed a probe targeting the gammaproteobacterial class *Vibrionaceae* due to the importance of vibrios as potentially pathogenic colonizers of marine surfaces.

3.2. Design and validation of new oligonucleotide probes {#men13119-sec-0008}
--------------------------------------------------------

To design new probes targeting the phylum *Bacteroidetes* and families *Rhodobacteraceae*, *Altermonadaceae* and *Vibrionaceae*, we used [arb]{.smallcaps} software to mark sequences in the SILVA database for each of the four target groups. We then used the "probe design" function of [arb]{.smallcaps} to select potential probe sites and assess the fraction of sequences within the target group that exactly matched the potential probe, as well as the number of exactly matching sequences outside the target group (Table [S1](#men13119-sup-0001){ref-type="supplementary-material"}). Where possible we selected probes that were an exact match to at least 80% of the target sequences and had two or more mismatches to nontarget sequences from marine organisms. We then used [mathfish]{.smallcaps} to calculate the predicted free energy of the hybridization reaction (Δ*G* ~overall~) and the predicted hybridization efficiency of each potential probe to target and nontarget sequences. We selected candidate probes with a Δ*G* ~overall~ of less than − 14 kcal/mol and a predicted hybridization efficiency not lower than 99% in a hybridization solution containing 20% formamide. Where necessary, we lengthened probes to bring their predicted hybridization into these ranges. The final probes we selected were 22--24 nucleotides in length. An overview of the expected probe coverage, specificity and predicted hybridization thermodynamics is given in Table [S1](#men13119-sup-0001){ref-type="supplementary-material"}.

We tested the probes against a panel of 55 different pure cultures of marine bacteria, 27 of which were isolated from PMD, to validate probe effectiveness against the target taxon and lack of cross‐reactivity against nontarget taxa (Table [S2](#men13119-sup-0001){ref-type="supplementary-material"}). Table [1](#men13119-tbl-0001){ref-type="table"} summarizes the tested cultures and the hybridization success rate. We then combined the six most effective oligonucleotide probes plus Eub338, each labelled with a distinct fluorophore, into a probe set which we tested simultaneously against a panel of six pure cultures to verify effectiveness and specificity of the probe set as a whole (Figure [2](#men13119-fig-0002){ref-type="fig"}). All probes in our probe set except for Vib2300 reacted specifically only with their target taxon as expected (Figure [2](#men13119-fig-0002){ref-type="fig"}; Tables [1](#men13119-tbl-0001){ref-type="table"}, Tables [S2](#men13119-sup-0001){ref-type="supplementary-material"} and [S3](#men13119-sup-0001){ref-type="supplementary-material"}). Eub338, which targets all bacteria, hybridized with all tested cultures. Alf968, which targets *Alphaproteobacteria*, showed false negative results in only one culture out of 37 (Tables [1](#men13119-tbl-0001){ref-type="table"} and Table [S2](#men13119-sup-0001){ref-type="supplementary-material"}). Similarly, Gam42a for *Gammaproteobacteria* and labelled with the fluorophores Cy5 or DY505 showed one false negative result out of 43 (Tables [1](#men13119-tbl-0001){ref-type="table"} and Table S2). However, we encountered results consistent with nonspecific binding of the fluorophore Atto647N attached to Gam42a on cultured isolates of *Alphaproteobacteria.* We observed strong fluorescence on this nontarget taxon when the Gam42a probe was labelled with Atto647N but not when it was labelled with Cy5 or DY505. Hughes, Rawle, and Boxer ([2014](#men13119-bib-0022){ref-type="ref"}) showed that Atto647N maleimide strongly associated with membranes, resulting in nonspecific binding and fluorescence that can lead to false positives. Rho1682, which targets the family clade *Rhodobacteraceae*, behaved as expected in all 20 tested cultures. The same was true for the probe Bac1058 targeting *Bacteroidetes* with 20 tested cultures. Alt811 for *Alteromonadaeceae* was tested in 20 cultures and showed one false‐negative result (Table [S2](#men13119-sup-0001){ref-type="supplementary-material"}).

Vib2300 showed hybridization not only with *Vibrionaceae* but also with some members of the families *Alteromonadaceae* and *Pseudoalteromonadaceae* when tested in pure cultures. Estimation with [arb]{.smallcaps} of the specificity and coverage range of Vib2300, based on the presence of two or more mismatches, did not predict these false positives (Table [S1](#men13119-sup-0001){ref-type="supplementary-material"}). However, [mathfish]{.smallcaps} showed hybridization efficiency with sequences from *Alteromonadaceae* and *Pseudoalteromonadaceae* of 43% using a 20% formamide concentration, suggesting the possibility of false positive hybridization depending on the precise target sequence and conditions of hybridization. We included Vib2300 in our probe set and identified cells hybridized with both probes Vib2300 and Alt811 as members of the family *Alteromondaceae*, and cells hybridized only with Vib2300 as members of *Vibrionaceae*. Although amplicon data assigned *Vibrionaceae* as relatively low‐abundance targets in our samples, this taxon is of particular interest as it is one of the early colonizers on PMD and it has been detected on PMD in the open Atlantic Ocean (Zettler et al., [2013](#men13119-bib-0065){ref-type="ref"}) and North and Baltic Seas (Kirstein et al., [2016](#men13119-bib-0027){ref-type="ref"}). Given that some members of the family *Vibrionaceae* can be pathogenic to humans and other animals and can occur in high relative abundance on some microplastics, it is important to investigate their occurrence and distribution in the Plastisphere.

In summary, we observed only in three of 55 tested isolates a lack of hybridization with the target taxon and we did not observe false positive binding of our probes in any of the 55 tested cultures except for Vib2300. Additionally, the nested nature of the probe set increased the likelihood of detecting any cross‐hybridization. Thus, our nested probe set was specific enough for a clear identification of the desired taxa and minimized false positives.

We designed two additional probes to detect the family *Flavobacteriaceae* and the class *Actinobacteria*. In silico analysis predicted high hybridization efficiency for both probes and no mismatches to the target taxa. However, we tested the probes on taxon‐specific cultured isolates and observed no signal or weak signals (Table [S2](#men13119-sup-0001){ref-type="supplementary-material"}) and thus excluded these probes from further testing. We can only speculate on why the two probes were ineffective: inaccessibility due to tertiary structure, protein occlusion, cell wall thickness or low ribosome content of the targeted cells. Additionally, we designed another probe for *Vibrionaceae* (Vib1749) that hybridized unexpectedly with nontarget taxa such as *Alteromonadaceae*, *Halomonadaceae*, *Rhodobacteracea* and *Flavobacteriaceae*. Thus, we rejected this probe. Another probe targeting *Rhodobacteraceae* (Rho420) was less specific and covered fewer groups in the *Rhodobacteraceae* clade than Rho1682 (Tables [1](#men13119-tbl-0001){ref-type="table"}, Tables [S1](#men13119-sup-0001){ref-type="supplementary-material"} and [S2](#men13119-sup-0001){ref-type="supplementary-material"}), so we employed Rho1682 for further experiments. Our experience demonstrates the importance of probe selection, design and thorough testing for successful application of this technique to other biofilms.

3.3. Spatial distribution of bacteria and phytoplankton on plastic surfaces {#men13119-sec-0009}
---------------------------------------------------------------------------

We aimed to analyse the spatial organization and succession of early biofilms on PE surfaces immersed in surface seawater in the western North Atlantic Ocean, Tropical Atlantic Ocean (metadata and sequencing details of samples in Amaral‐Zettler et al., [2015](#men13119-bib-0003){ref-type="ref"}) and Wadden Sea. For each sample we imaged 10 fields of view from each of the two sides of the piece of plastic. We prepared images for visual inspection and also carried out semi‐automated cell counts using [fiji]{.smallcaps}; representative images are shown in Figures [3](#men13119-fig-0003){ref-type="fig"}, [4](#men13119-fig-0004){ref-type="fig"}, [5](#men13119-fig-0005){ref-type="fig"} and quantification of cells is shown in Figures [6](#men13119-fig-0006){ref-type="fig"} and [7](#men13119-fig-0007){ref-type="fig"}.

![Succession of the biofilm community on polyethylene (PE) after 1--5 weeks in the surface (\~1 m) of the North Atlantic Ocean (Vineyard Sound), Woods Hole, MA, USA. The black background is the surface of the plastic pieces. Ellipitical white structures are diatom (phytoplankton) cells attached to the PE surface, and are visible due to their autofluorecent pigments such as chlorophyll *a*. Variously coloured smaller cells are bacteria hybridized with phylogenetic probes targeting different levels of taxonomic resolution. Greyish and coloured material in the week 5 sample are unidentified organic material (perhaps biofilm EPS) with captured autofluorescent pigments making these structures visible](MEN-20-620-g003){#men13119-fig-0003}

![(a,b) Scanning electron micrographs and (c--m) CLASI‐FISH images. (a, c) Diatom surrounded by bacteria cells after 1 week in the surface seawater of the North Atlantic Ocean (Vineyard Sound). (b, d) Lower diatom frustules attached to PE after 2--3 weeks of incubation. (b, d, e) Frustules were surrounded and invaded by different bacterial taxa such as *Bacteroidetes* (yellow), *Rhodobacteraceae* (cyan) and *Gammaproteobacteria* (magenta). Colour code is the same as shown in Figure [3](#men13119-fig-0003){ref-type="fig"}. (f) Bryozoan‐like structure surrounded by bacteria after 1 week in the surface seawater of the Tropical Atlantic Ocean (Grenada). (g, h) Bryozoan‐like structure and (i) filamentous *Cyanobacteria* surrounded by bacteria after 1 week in the surface seawater of the North Atlantic Ocean. (j, k) Filamentous *Bacteroidetes* surrounded by *Alphaproteobacteria* and *Rhodobacteraceae* after 1 week in the tropical Atlantic Ocean. (l) Clusters of *Rhodobacteraceae* surrounded by *Alphaproteobacteria* and other bacteria after 1 week in the Tropical Atlantic Ocean. (m) Diverse bacteria embedded in a fluorescent EPS‐like structure after 5 weeks in the North Atlantic Ocean](MEN-20-620-g004){#men13119-fig-0004}

![Succession of the biofilm community on polyethylene (PE) after 1--2 weeks in the Tropical Atlantic Ocean (True Blue Bay), Grenada, West Indies (a, b) and in the Wadden Sea, Texel, The Netherlands, EU (c, d). The black background is the surface of the plastic pieces. Ellipitical white structures are phytoplankton cells attached to the PE surface, and are visible due to their autofluorecent pigments such as chlorophyll *a*. Variously coloured smaller cells are bacteria hybridzed with phylogenetic probes targeting different levels of taxonomic resolution as indicated in the legend. Greyish material in the week 2 sample of the Tropical Atlantic Ocean (b) are unidentified organic material (perhaps biofilm EPS) with captured autofluorescent pigments making these structures visible](MEN-20-620-g005){#men13119-fig-0005}

![Relative average abundance of different taxa ascertained from cell counting of micrographs (mean of 20 images per sample ± *SD*) from CLASI‐FISH experiments and from 16S rRNA amplicon sequencing data of the same samples. Each week we sampled three replicates for amplicon sequencing but only one sample for CLASI‐FISH (error bars indicate the variations within the biofilm of each sample: for sequencing, variation between three replicate pieces of plastic; for imaging, variation between 20 fields of view from a single piece of plastic). Epifluourescence microscope images above bars show examples of taxon‐specific cells. Filamentous *Bacteroidetes* were segmented into individual cells with [fiji]{.smallcaps} software before counting. Colour coding of the cells is as in Figure [3](#men13119-fig-0003){ref-type="fig"}. Note that *Rhodobacteraceae* are included within the *Alphaprotobaceria* and *Vibrionaceae* and *Alteromonadaceae* are included within the *Gammaprotobacteria*](MEN-20-620-g006){#men13119-fig-0006}

![Total cell numbers obtained by CLASI‐FISH on polyethylene submerged for 1 or 2 weeks in surface seawater (1 m) of the North Atlantic Ocean (Vineyard Sound), Woods Hole, MA, USA](MEN-20-620-g007){#men13119-fig-0007}

Figure [3](#men13119-fig-0003){ref-type="fig"} shows representative examples of biofilm succession on PE immersed in the coastal North Atlantic Ocean over 5 weeks. The biofilm grew thicker and denser with bacterial abundance increasing from 40,000 cells/mm^2^ in week 1 to 107,000 cells/mm^2^ by week 2, followed by a slower increase in bacterial density thereafter. In addition, cellular debris and extracellular polymeric substances (EPS) appeared in week 3 with broad variations in coverage density dependent on the field of view of the imaged plastic surface (grey autofluorescence in Figure [3](#men13119-fig-0003){ref-type="fig"}c,d). At all times, bacteria and phytoplankton were distributed unevenly on the plastic surfaces with some cluster formation of *Rhodobacteraceae* and filamentous organization of *Bacteroidetes*. Diatoms, *Cyanobacteria* and the colonial micro‐animals such as bryozoans colonized plastic within the first week and covered a significant amount of the PE surface. We observed fewer diatoms after the first week, perhaps due to competition, grazing or viral/bacterial infections. We commonly observed the lower diatom frustules (hypothecae) attached to the plastic in SEM images (Figure [4](#men13119-fig-0004){ref-type="fig"}b) after week 2. Diverse bacterial communities often surrounded and appeared to have colonized the hypotheca (Figure [4](#men13119-fig-0004){ref-type="fig"}a‐e). Either bacteria contributed to the death of diatoms or they might be attracted by organic nutrient release during cell lysis. In the 5‐week sample few diatoms were observed. After the first week, 52% of bacteria cells that surrounded diatoms belonged to the family clade *Rhodobacteraceae* and 20% to the phylum *Bacteroidetes*. An additional 14% and 10% were *Alpha*‐ and *Gammaproteobacteria*, respectively. After 2 weeks, the bacterial community around diatoms changed in composition with a decline in *Rhodobactereaceae* and *Bacteroidetes* abundance to 34% and 15%, respectively. *Gammaproteobacteria* abundance around diatoms increased to 16% while cell numbers of *Alphaproteobacteria* remained stable. The proportion of bacterial cells that we could not identify taxonomically increased from 3% to 21%, indicating that additional taxa were recruited that settled around diatoms.

The bacterial community composition overall changed dramatically over time with week 1 surfaces dominated by *Rhodobacteraceae* (average 40%) and filamentous *Bacteroidetes* (25%) (Figure [6](#men13119-fig-0006){ref-type="fig"}), followed by an increase of *Alphaproteobacteria* (other than *Rhodobacteraceae*) and *Gammaproteobacteria* (other than *Alteromonadaceae* and *Vibrionaceae*) until week 5. Almost no *Bacteroidetes* were observed after 5 weeks while *Rhodobacteraceae* remained abundant (Figure [3](#men13119-fig-0003){ref-type="fig"}). Bacterial groups of unknown taxonomic affiliation (only hybridized with the Eub338 probe set) increased in abundance over the 5 weeks. We detected only a few individual cells of *Alteromonadaceae* and *Vibrionaceae* attached to our PE samples during the entire study in agreement with low abundances of these taxa according to amplicon sequencing data of the same samples (Figure [6](#men13119-fig-0006){ref-type="fig"}). We compared the relative abundance of all examined bacterial groups using amplicon sequencing data and the cell count data from CLASI‐FISH in the first 2 weeks. Both methods showed similar proportions of representative taxa (Figure [6](#men13119-fig-0006){ref-type="fig"}), demonstrating that both approaches provided comparable quantitative results for biofilm composition. Correlation analyses of cell counts versus. amplicon abundances for the six taxonomic groups in Figure [6](#men13119-fig-0006){ref-type="fig"} showed that the relationship was highly significant (Figure [S1](#men13119-sup-0001){ref-type="supplementary-material"}). The advantage of CLASI‐FISH over amplicon sequencing is that cell number and size can be determined directly and this provides further information about biofilm density and biomass. Total cell numbers imaged on the 1‐week and 2‐week North Atlantic samples are presented in Figure [7](#men13119-fig-0007){ref-type="fig"}.

We know that in some cases plastics in marine environments are selective for specific microbial communities (Kirstein, Wichels, Krohne, & Gerdts, [2018](#men13119-bib-0028){ref-type="ref"}; Oberbeckmann, Kreikemeyer, & Labrenz, [2018](#men13119-bib-0042){ref-type="ref"}; Zettler et al., [2013](#men13119-bib-0065){ref-type="ref"}) and that there are regional and seasonal differences in the development and composition of biofilms (Amaral‐Zettler et al., [2015](#men13119-bib-0003){ref-type="ref"}; Oberbeckmann, Osborn, & Duhaime, [2016](#men13119-bib-0043){ref-type="ref"}). To investigate this variation, we also examined biofilm succession on pieces of PE from the Tropical Atlantic Ocean (Grenada) during the same summer as our North Atlantic samples (summer 2013), as well as samples incubated in the Wadden Sea off the island of Texel, the Netherlands, in spring 2018.

In the Tropical Atlantic Ocean, phytoplankton such as diatoms and cyanobacteria covered far less of the PE surfaces than in the North Atlantic after 1 week and only increased slightly in abundance in the second week (Figure [5](#men13119-fig-0005){ref-type="fig"}a,b). However, the bacterial community was more abundant and more complex in the Tropics compared to the North Atlantic Ocean after 1 week with large clusters of *Rhodobacteraceae* dominating the community (Figure [5](#men13119-fig-0005){ref-type="fig"}a). *Bacteroidetes* were also common and mainly organized in filaments. More *Alpha*‐ and *Gammaproteobacteria* that were not *Rhodobacteraceae*, *Alteromonadaceae* or *Vibrionaceae*, as well as more cells only labelled with Eub338, appeared in the first week compared to the North Atlantic Ocean. This suggests a more diverse bacterial community with additional or different taxa in the biofilm compared to the North Atlantic samples. Additionally, autofluorescent organic debris and EPS covered much of the PE surface after only 2 weeks (Figure [5](#men13119-fig-0005){ref-type="fig"}b), in contrast to the North Atlantic samples where the abiotic material (i.e., EPS) was not common until week 3.

In contrast to the relatively rapid colonization of plastic in the Atlantic Ocean samples, the Wadden Sea spring PE samples were still free of a coherent biofilm and organic debris even after 2 weeks (Figure [5](#men13119-fig-0005){ref-type="fig"}c,d). Only individual bacterial cells, mainly *Gammaproteobacteria* and *Alteromonadaceae,* were attached to the PE at the end of week 1. After 2 weeks, a thin autofluorescent film covered parts of the PE pieces and bacterial abundance increased slightly (Figure [5](#men13119-fig-0005){ref-type="fig"}d).

4. DISCUSSION {#men13119-sec-0010}
=============

4.1. Application of CLASI‐FISH to marine biofilm communities {#men13119-sec-0011}
------------------------------------------------------------

CLASI‐FISH has been successfully applied to oral and gut microbiomes (Mark Welch et al., 2017, 2016), but this is the first report of its application to a complex microbiome from the marine environment. The challenges associated with applying CLASI‐FISH to the Plastisphere in the marine environment are several‐fold: (a) the Plastisphere microbiome is highly diverse and variable in nature; (b) Plastisphere microbiomes show biogeographical, environmental and seasonal variability; and (c) many members of the microbiota on floating PMD derive their energy from photosynthesis and possess inherent autofluorescence (e.g., *Cyanobacteria* and diatoms). Here we present a strategy to overcome these barriers and successfully characterize biofilm succession on PMD and other marine substrates. Surprisingly, amplification methods such as CARD‐FISH (Bobrow, Harris, Shaughnessy, & Litt, [1989](#men13119-bib-0006){ref-type="ref"}) or hybridization chain reaction (Choi, Beck, & Pierce, [2014](#men13119-bib-0010){ref-type="ref"}), which are often required for FISH applied to environmental water‐column samples, were not necessary to enhance the brightness of the fluorescent signals in our experiments. One possible explanation for this was that we imaged early colonizers, which may have had a relatively high ribosome content in their cells due to high growth rates while colonizing new substrate. Bacterial cells that hybridized with our dual‐labelled probes were bright enough for a clear phylogenetic identification even close to or on top of autofluorescent cells (Figure [4](#men13119-fig-0004){ref-type="fig"}c). In addition, the relatively high signal to noise ratio obtained using a laser scanning confocal microscope may have facilitated the imaging of these marine bacteria using direct‐labelled, unamplified fluorescent probes.

CLASI‐FISH was successfully used to investigate the diversity and spatial organization of the microbial community in the Plastisphere due to the simultaneous use of multiple probes. With our nested probe set we could determine the taxonomy of up to 90% of the bacteria in our samples, at least for the higher taxonomic ranks such as class and family. New combinations of different probes or the design of additional probes will advance the field of biofilm investigation within but also beyond the Plastisphere to other marine environments, substrates and microbiomes. Probe and fluorophore variations can be adjusted to expand the number of bacteria that can be identified taxonomically for the determination of a broader or finer variation of taxonomic levels from phylum to species. Another major advantage of CLASI‐FISH is that it provides spatial and taxonomic information about early‐stage biofilm formation that may have low biomass that presents challenges for amplicon sequencing.

CLASI‐FISH can be adapted to target different taxa as broadly or finely as desired, as long as the taxa to be targeted have distinct ribosomal RNA targets. The method can also be adapted to other substrates and environments. However, each new ecosystem probably requires some new probe/fluorophore combination development and testing. Newly designed probes must be tested for effectiveness as well as specificity, because carrying out probe design using thermodynamics‐based mathematical modelling of hybridization can improve the likelihood of success but does not increase it to 100% (Yilmaz & Noguera, [2004](#men13119-bib-0063){ref-type="ref"}; Yilmaz et al., [2011](#men13119-bib-0064){ref-type="ref"}). Each new combination of a probe set has to be tested for hybridization efficiency, possible mismatches, sufficient brightness and specificity of the fluorophore emission spectrum for clear discrimination. Another consideration for the CLASI‐FISH application is that, in its present form, the preparation and imaging of samples including analysis of images represents about 1 week of work per sample. The benefit of CLASI‐FISH is that it allows us to answer questions that we have been unable to address with other approaches. Its application may become more streamlined in the future through automated analysis methods.

4.2. The "Plastisphere" meets the "Phycosphere" {#men13119-sec-0012}
-----------------------------------------------

Perhaps the most common interactions we encountered in our CLASI‐FISH samples were between diatoms and bacteria in the Atlantic incubations. Our SEM images from this study (Figure [4](#men13119-fig-0004){ref-type="fig"}a,b) showed diatoms and bacteria in close association on the surface of plastic and other marine substrates, but SEM alone was not able to determine which groups of bacteria were present. CLASI‐FISH, by contrast, enabled us to identify *Bacteroidetes*, *Rhodobacteraceae* and *Gammaproteobacteria* in direct contact with diatoms. Most of our knowledge of bacteria--diatom interactions comes from cultures, where *Proteobacteria* and *Bacteroidetes* are most frequently represented (Amin, Parker, & Armbrust, [2012](#men13119-bib-0004){ref-type="ref"}). Interactions between bacteria and diatoms can take on many forms including parasitism, competition and synergism.

We also observed a heterogeneous bacterial community around phytoplankton and bryozoan structures (Figure [4](#men13119-fig-0004){ref-type="fig"}c--i). One interpretation of this spatial distribution is that these interdomain associations are based on the attraction of bacteria to exuded nutrients by phytoplankton (the "Phycosphere") and other organisms. An alternative explanation is that the distribution of bacteria near eukaryotes is based on hydrodynamic effects due to the occurrence of elevated shapes on the surface layer. In other words: Would bacteria collect around any object in general or specifically around phytoplankton cells? Schäfer, Abbas, Witte, and Muyzer ([2002](#men13119-bib-0051){ref-type="ref"}) and Guannel, Horner‐Devine, and Rocap ([2011](#men13119-bib-0019){ref-type="ref"}) examined diatom--bacteria associations using laboratory isolates. They found *Alphaproteobacteria*, especially different clades of the family *Rhodobacteraceae* with *Roseobacter* as the most prevalent group, as well as *Bacteroidetes* and *Gammaproteobacteria* in association with all tested diatoms. We observed the same taxa in the vicinity of diatoms in our Atlantic Ocean samples (Figure [4](#men13119-fig-0004){ref-type="fig"}c--e). Diatoms can actively release organic exudates forming transparent exopolymer particles (TEPs) or passively add to the carbon pool via cell lysis (Fukao, Kimoto, & Kotani, [2010](#men13119-bib-0018){ref-type="ref"}; Lebeau & Robert, [2003](#men13119-bib-0032){ref-type="ref"}). TEPs attract certain types of bacteria and often become colonized by bacteria by serving as a nutrient for heterotrophs, and bacteria release EPS in the presence of phytoplankton to initiate attachment (Amin et al., [2012](#men13119-bib-0004){ref-type="ref"}). Synergistic interactions can occur when phytoplankton release nutrients, such as dissolved organic matter (DOM) and/or organic nitrogen that is consumed by heterotrophic bacteria, and in return, bacteria provide vitamins, and biologically available forms of nitrogen or iron for algae. However, the interaction can also be parasitic or even fatal when heterotrophic bacteria release lethal molecules or attach and consume diatoms (Amin et al., [2012](#men13119-bib-0004){ref-type="ref"}; Armbrust, [2009](#men13119-bib-0005){ref-type="ref"}) as may be occurring in Figure [4](#men13119-fig-0004){ref-type="fig"}(e). The arrangements of bacteria and algae that we observed on our PE samples suggest an active interaction of bacteria and phytoplankton.

4.3. Microbe--metazoan interactions {#men13119-sec-0013}
-----------------------------------

Bryant et al. ([2016](#men13119-bib-0007){ref-type="ref"}) also examined the microbial community on PMD samples in the Pacific gyre using SEM and metagenomic sequencing techniques. They observed similar groups of dominant organisms attached to plastic as we did, including micro‐animals such as *Bryozoa* (Figure [4](#men13119-fig-0004){ref-type="fig"}f--h), and microbes including *Cyanobacteria* (Figure [4](#men13119-fig-0004){ref-type="fig"}i), *Alphaproteobacteria* and *Bacteroidetes.* Furthermore, they observed that plastics were a net autotrophic hot spot in the oligotrophic open ocean and that microbial assemblages on PMD were distinct from free‐living microbes in the surrounding seawater. Additionally, Reisser et al. ([2014](#men13119-bib-0046){ref-type="ref"}) observed diatoms as the most diverse group of plastic colonizers together with *Bryozoans*, *Cyanobacteria* and other bacteria as important members of the Plastisphere. *Bryozoans* are very common hitchhikers on flotsam (marine debris) in the ocean and have been recognized as important colonizers on plastic for decades (Winston, [1982](#men13119-bib-0060){ref-type="ref"}).

4.4. Bacteria--bacteria interactions {#men13119-sec-0014}
------------------------------------

The most abundant and dominant taxon in our North and Tropical Atlantic samples was the family *Rhodobacteraceae*, which was arranged in large cell clusters (Figures [4](#men13119-fig-0004){ref-type="fig"}l and [5](#men13119-fig-0005){ref-type="fig"}a) either due to fast cell division or recruitment from the water column. Dang, Li, Chen, & Huang, ([2008](#men13119-bib-0013){ref-type="ref"}) described *Rhodobacteraceae* especially the clade *Roseobacter* as a ubiquitous dominant early colonizer on substrates in Atlantic and Pacific water. *Roseobacter* are able to grow quickly even at low nutrient concentrations. They also produce antibiotics to outcompete other bacterial taxa and thus modulate the biofilm composition. Furthermore, *Rhodobacterales* produce EPS, converting the low nutrient status of the biofilm to a high‐nutrient status (Dang et al., [2008](#men13119-bib-0013){ref-type="ref"}). We observed EPS‐like material after 2--3 weeks on our tropical and North Atlantic Ocean samples with a diverse bacterial community embedded in this material (Figures [3](#men13119-fig-0003){ref-type="fig"}d, [4](#men13119-fig-0004){ref-type="fig"}m and [5](#men13119-fig-0005){ref-type="fig"}b). In addition to being a nutrient source, EPS can stabilize and shape the spatial structure of microcolonies and biofilms (Lawrence, Korber, Hoyle, Costerton, & Caldwell, [1991](#men13119-bib-0031){ref-type="ref"}; Tolker‐Nielsen & Molin, [2000](#men13119-bib-0057){ref-type="ref"}; Wolfaardt, Lawrence, Robarts, & Caldwell, [1998](#men13119-bib-0061){ref-type="ref"}). EPS‐producing bacteria might have an advantage over bacteria without EPS production when their descendants embedded in EPS become elevated into the nutrient‐ and oxygen‐rich top layer of the biofilm (Jayathilake et al., [2017](#men13119-bib-0024){ref-type="ref"}; Kim, Racimo, Schluter, Levy, & Foster, [2014](#men13119-bib-0026){ref-type="ref"}). However, we found a heterogeneous bacterial community in the EPS material, suggesting no distinct advantages of specific taxa. We observed diverse associations between many bacterial taxa such as between *Alphaproteobacteria* and *Bacteroidetes* (Figure [4](#men13119-fig-0004){ref-type="fig"}j), *Rhodobacteraceae* and *Bacteroidetes* (Figure [4](#men13119-fig-0004){ref-type="fig"}k), *Rhodobacteracaee* and *Cyanobacteria* (Figure [4](#men13119-fig-0004){ref-type="fig"}i), etc. Bacteria living in communities are in competition with each other for nutrients, space and oxygen. However, flexible metabolic strategies and a heterogeneous distribution of metabolic specialization are common in multispecies communities, showing that metabolic syntrophism is a viable strategy (reviewed by Stubbendieck, Vargas‐Bautista, & Straight, [2016](#men13119-bib-0056){ref-type="ref"}). Thus, bacteria in multispecies communities have access to a wider range of nutrients such as vitamins, trace metals and amino acids than single species (Ponomarova & Patil, [2015](#men13119-bib-0044){ref-type="ref"}). Due to competition in bacterial communities, there will be selection against species with redundant and cost‐intensive metabolic functions and selection for syntrophy to save energy such as for growth and division (Morris, Lenski, & Zinser, [2012](#men13119-bib-0040){ref-type="ref"}). Thus different species that occur in close proximity benefit from nutrient exchange with neighbours that possess complementary metabolic functions and demands. This might be a reason for the multispecies conglomerates we frequently observed on our plastic samples from the Atlantic Ocean. However, we cannot know the exact nature of multispecies interactions that occur on the plastic surface based on our image data alone. Additional methods need to be applied in combination with CLASI‐FISH to understand metabolic pathways, interactions, competitions and synergisms in the Plastisphere.

5. CONCLUSIONS {#men13119-sec-0015}
==============

Visualizing microbial communities using CLASI‐FISH is a powerful and novel tool to investigate different aspects of biofilms: (a) diverse microbes in close proximity reveal potential interactions for further investigation; (b) early colonizers can be detected when sequencing methods are complicated due to low biomass; and (c) imaging allows for identification of biofilm membership, structure and succession. Future applications of CLASI‐FISH can help to visualize specific groups of microbes to see how they are interacting with the substrate surface, including possible polymer hydrolysers contributing to PMD degradation.
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